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Abstract. Frequency modulation atomic force microscopy (FM-AFM) has been a powerful tool for
imaging atomic-scale structures and properties of various materials including metals, semiconductors,
metal oxides, alkali halides and organic systems. Whilst the method has been used mainly in ultrahigh
vacuum environments, recent progress in FM-AFM instrumentation made it possible to apply this
technique also to investigations in liquid. This technological innovation opened up a variety of
applications of FM-AFM in biology and electrochemistry. To date, the improved FM-AFM
instrument and technique have been applied to investigations of several biological materials,
providing novel information that has not been accessible with other imaging techniques. In this
review, | will summarize the recent progress in FM-AFM instrumentation and biological applications
in liquid.

Introduction

Frequency modulation atomic force microscopy (FM-AFM) was originally introduced by Albrecht et
al. in 1991 for operating dynamic-mode atomic force microscopy (AFM) in ultrahigh vacuum (UHV)
environments with a realistic imaging speed [1]. A UHV environment provides a high Q factor of the
cantilever resonance hence high force sensitivity. It also allows us to investigate an atomically clean
surface. In 1995, these factors, together with the advancements in instrumentation, made it possible to
obtain true atomic resolution images by FM-AFM [2, 3]. In contrast to scanning tunneling
microscopy (STM) [4], FM-AFM is applicable to investigations on insulating surfaces. In 1997,
Bammerlin et al. presented the first true atomic resolution images of insulating surfaces [5]. In the
same year, Fukui et al. presented the first true molecular resolution images of organic molecules [6].

Among the various applications explored after these pioneering works, here we focus on its
applications to organic systems. From 1997 to 2000, main subject of this research area was to
understand the imaging mechanism of organic molecules by FM-AFM. For this purpose, model
organic systems that had been extensively studied by STM were imaged by FM-AFM [7-13]. The
formation mechanism of the obtained molecular-scale contrasts was discussed in relation to the
operation principle of FM-AFM. From 2000, the growing attention to molecular devices motivated
researchers to investigate functional organic molecules such as self-assembled monolayers [14],
organic semiconductors [15], organic ferroelectric materials [16], conductive polymers [17]. These
studies made advancements in the understanding of imaging mechanism of FM-AFM and
instrumentation required for stable high-resolution imaging of organic molecules.

Whilst the true molecular-resolution imaging technique of UHV-FM-AFM is becoming
established, several research groups started to seek for the possibility of using FM-AFM in moderate
vacuum, air or nitrogen atmosphere. There are several reasons for this trend. In contrast to reactive
inorganic surfaces, organic molecules are relatively stable so that the use of UHV is not always
essential. Molecular devices are expected to be used in air or at least in low vacuum condition, thus
their structures and functions have to be investigated in such environments. The use of a UHV system



requires profound understanding of the vacuum system itself, which has limited the number of
FM-AFM users especially in chemistry and biology. In 2002, Kobayashi et al. presented FM-AFM
images obtained in air showing molecular rows of CuPc molecules [18]. In 2004, Sasahara et al.
presented FM-AFM images obtained in N, atmosphere showing rows of TiO, surface [19]. Finally in
2004, Fukuma et al. presented the first true molecular resolution FM-AFM images obtained in air and
moderate vacuum by imaging an alkanethiol monolayer and a polydiacetylene single crystal surface
[20] using a home-built ultralow noise cantilever deflection sensor [21].

As for the liquid-environment applications of FM-AFM, Jarvis et al. [22] started to seek for the
possibility at a very early stage, where majority of the research field focuses on the applications and
instrumentation in UHV. In 2000, they utilized FM-AFM with a carbon nanotube tip for probing the
oscillatory solvation force profiles at the solid/liquid interface [22]. They also pointed out the
difficulty of operating FM-AFM in liquid because of the non-monotonous nature of frequency shift
change with respect to the tip-sample distance and utilized dissipation signal for the distance
regulation. In 2002, Kobayashi et al. presented FM-AFM image of Au(111) surface obtained in liquid
using a home-built phase-locked loop (PLL) circuit [18]. Subsequently, Okajima and coworkers built
a similar PLL circuit to operate FM-AFM in liquid and compared the amplitude and frequency
changes near the tip-sample contact regime [23, 24]. The primary motivation for these studies was
future applications to biological research. However, at this stage, the resolution of FM-AFM in liquid
appeared to be on the order of ten nanometers or even worse, so that the technique did not seem to be
very promising compared to alternative AFM techniques such as amplitude-modulation AFM
(AM-AFM) and contact-mode AFM.

However, the situation was dramatically changed in 2005. Fukuma et al. developed a compact
multi-environment FM-AFM that is capable of imaging molecules and atoms at
subnanometer-resolution in vacuum, air and even in liquid [21]. True molecular-resolution images of
polydiacetylene single crystal were obtained in vacuum, air and liquid with the same instrument. The
first true atomic-resolution FM-AFM images were obtained by imaging mica in water [25]. This
outstanding result stimulated subsequent research and motivated manufacturers of ambient and liquid
environment AFMs to implement FM-AFM operation mode in their products. This dramatic
improvement of FM-AFM performance in low Q environments was realized by three major
improvements in the instrument and operating conditions. These key factors are discussed in detail in
the following section. Subsequently, Fukuma et al. further improved the performance of the
FM-AFM instrument [26] and applied it to the subnanometer-scale investigations on biological
systems. These applications are reviewed in the third section of this article.

Instrumentation of Liquid-Environment FM-AFM

The major difficulty of FM-AFM operation in liquid has been ascribed to the Q factor of the
cantilever resonance in liquid. Although there was no doubt that the low Q factor deteriorates the
FM-AFM performance in liquid, no experimental or theoretical evidence was presented to conclude
that the low Q factor is the only major limiting factor of FM-AFM performance in liquid. This was the
major motivation for us to carry out quantitative and comprehensive noise analyses of FM-AFM
performance from experimental and theoretical aspects. Consequently, we found the existence of
other factors that has limited the noise performance of FM-AFM in low-Q environments. In the
following section, | will summarize three major improvements that we made to overcome these
limiting factors.

High Stiffness Cantilevers In liquid-environment AFM, it has been common to use relatively soft
cantilevers. In contact-mode AFM, a cantilever with a spring constant (k) of less than 1 N/m is
commonly used while a cantilever with k = 0.1-3 N/m is used in dynamic-mode AFM in liquid. On
the contrary, a cantilever used in UHV for atomic-resolution imaging has much higher spring
constant, i.e., 10-100 N/m typically. The root-mean-square (RMS) amplitude of thermal cantilever
vibration is given by
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where kg and T are Boltzmann’s constant and absolute temperature, respectively. For example,
Zvalues for k = 0.4 and 40 N/m are 100 pm and 10 pm, respectively. True molecular-resolution
imaging by FM-AFM typically requires 10 pm vertical resolution. Therefore, in order to obtain true
molecular-resolution, a cantilever with stiffness higher than 40 N/m has to be used. z, can be

reduced via a gentle contact of the tip with a sample such as in contact-mode AFM. However, it also
hinders the precise control of the vertical tip position at atomic-scale contact/non-contact regimes. As
this capability is essential for true atomic-resolution imaging as well as for atomic and molecular
manipulations, it is desirable to use a stiff cantilever for such applications.

Small Oscillation Amplitude In 1999, Giessibl presented calculation results suggesting that the
optimal cantilever oscillation amplitude (A) for high-resolution imaging by FM-AFM is on the order
of the decay length of the force component to be detected [27]. For short-range forces that are
responsible for the atomic-scale contrast formation, the length is typically less than 0.5 nm while the
typical values for A used in FM-AFM had been larger than 5 nm. The validity of this argument was
supported by the experimental results, showing subatomic-resolution contrasts of Si(111) surface
[28]. The image was obtained with small oscillation amplitude (< 0.5 nm) and a stiff (k = 1800 N/m)
cantilever. Although this particular experiment was performed in vacuum, the same argument should
holds in air and liquid. By oscillating a cantilever with small amplitude, the tip front atom can
experience short-range interaction for a longer time than it does with large amplitudes. As a result, the
sensitivity to short-range interaction force is enhanced and that to long-range interaction force is
reduced, leading to an improved spatial resolution.

In liquid-environment AFM, typical values for A had been 5-50 nm while Fukuma et al. utilized A
of less than 0.5 nm for obtaining the first true atomic-resolution image in liquid [25]. In the case of
vacuum environment, oscillating a cantilever with small amplitude requires the use of very stiff
cantilever (e.g., 1800 N/m) for avoiding instabilities known as “jump-to-contact”. In the case of
liquid environment, the long-range forces such as van der Waals and electrostatic forces are greatly
reduced by the existence of water molecules so that a cantilever with a spring constant of 40 N/m can
be used without instabilities. This advantage partially compensates the large disadvantage of having a
low Q factor in liquid. Namely, this is one of the reasons for that the spatial resolution obtained in
liquid is comparable to that obtained in UHV in spite of the low Q factor.

Low Noise Deflection Sensor In FM-AFM, cantilever deflection signal is used not only for the
frequency shift detection but also for generating a cantilever excitation signal. Therefore, a low noise
deflection signal is required for the stable cantilever oscillation as well as for the high force
sensitivity. This is particularly important when a cantilever is oscillated with small amplitude. In
conventional liquid-environment AFM, power spectral density (PSD) of cantilever deflection signal

arising from the deflection sensor (n) is typically 100-1,000 fm/+/Hz . On the other hand, the
deflection sensor used for obtaining the first true atomic-resolution images in liquid has n value of

17 fm/+/Hz [21].

PSD of cantilever thermal Brownian motion n, is given by [1]
2k, T 1
nzB :\/ 2 242 2 (2)
A kQ [1—(f/f,)" 1" +[f /(f,Q)]
where Q is Q factor of the cantilever resonance. The total PSD of a cantilever deflection signal n; is
given by

n, =2+ ®)
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Fig. 1 (a) n, values calculated with Eqg. (2) and Eq. (3) for different n. (b) The increase of deflection
PSD at fo due to ng.

n; values calculated with Eq. (2) and Eq. (3) are plotted in Fig. 1(a) for different n, values. With
increasing n,s from 10 to 100 fm/+/Hz , the deviation from the thermal spectrum is dramatically
increased. In dynamic-mode AFM, only the noise components in the frequency range from f,-B to
fo+B (B: measurement bandwidth) influence the FM-AFM performance. As B is typically less than 1
kHz, the deflection noise in the frequency range is almost constant and given by

2k, TQ

ne(fo v (4)
From the ratio between n, and n, at fp, we can estimate the increase of the noise as shown in Fig. 1(b).
In order to suppress the noise increase to less than 10%, n,s should be less than 30 fm/+/Hz for the
typical cantilever used in liquid-environment FM-AFM. n, values for conventional AFMs are
typically larger than 100 fm/ vHz , giving more than 80% increase of the noise in FM-AFM.
Therefore, the noise performance in liquid is often limited not only by the low Q factor but also by the
noise from the deflection sensor.

In 2005, Fukuma et al. presented a design of low noise optical beam deflection sensor having n
value of 17 fm/+/Hz in air and 40 fm/+/Hz in liquid [21] and obtained true atomic- and
molecular-resolution images in liquid [25, 29]. The major improvement was brought about by the use
of laser power modulation at 300 MHz for supressing optical feedback and optical interference noises.
Subsequently, in 2006 Fukuma et al. made a further improvement by refining the optical design and
obtained 5.7 fm/+/Hz in air and 7.3 fm/+/Hz in liquid [26]. Now the design is further improved and

the present sensor has n,s value of 4.7 fm/~/Hz in liquid. Such an ultralow-noise deflection sensor
allows to obain the optimal noise performance limited only by the cantilever thermal vibration.

Biological Applications of Liquid-Environment FM-AFM

In 1993, Ohnesorge et al. reported the first true atomic-resolution images obtained in liquid using
contact-mode AFM [30]. The technique has also been applied to high-resolution imaging of
biological systems such as membrane proteins [31] and lipid bilayers [32]. Through these previous
works, contact-mode AFM has been established as a high-resolution imaging tool at the solid/liquid
interface. In 2005, Fukuma et al. introduced FM-AFM for obtaining true atomic-resolution images in
liquid [25]. Since there was already an established method (i.e., contact-mode AFM), it was very
important to demonstrate the advantages of using FM-AFM in biological studies. Compared to
contact-mode AFM, FM-AFM has three major advantages in imaging applications, which include the
precise control of vertical tip position at an atomic-scale contact/non-contact regime, high spatial



resolution, and capability of imaging isolated molecules. Following section summarizes the
biological applications of FM-AFM, which highlights these three advantages.

Hydration Layers. In contact-mode AFM, a relatively soft cantilever (k < 0.1 N/m) is used
especially in biological research. At atomic-scale contact/non-contact regimes, the tip experiences an
attractive short-range interaction force that has large force gradient. Once the force gradient exceeds
the spring constant of the cantilever, the tip jumps to contact with the surface, which is referred to as
“jump-to-contact”. This instability hinders precise control of the vertical tip position at the near
contact regimes. In the case of liquid-environment applications, it is possible to modify the
interaction potential by adding salts [33]. However, this can limit the application range of
contact-mode AFM in biology, where solution condition has considerable influence on the structure
and dynamics of the molecules to be investigated. In FM-AFM, the use of stiff cantilever enables to
detect the short-range interaction force without instability. In addition, in contact-mode AFM, a dc
deflection of a cantilever is used as a feedback signal so that the dc drift of the deflection signal
strongly influences the tip vertical position, i.e., loading forces during imaging. In FM-AFM, dc drift
of a deflection signal hardly influences the frequency shift signal so that the vertical tip position is
more stably controlled. Following example of FM-AFM application highlights this advantage.

Hydration layers on biological membranes are expected to have significant influence on the
function of biological systems. If such hydration layers exist, they should alter the local interaction
potential and present multiple energy barriers to the approaching nanoscale objects such as proteins
and solvated ions. FM-AFM has a unique capability of probing local interaction force with a sharp tip.
As the cross-section of the tip is comparable to the size of proteins and solvated ions, the interaction
force detected by AFM should represent the interaction that approaching nanoscale objects would
experience when they approach the membrane surface.
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Fig. 2 (a) Schematic model of a DPPC bilayer formed on mica investigated by AFM in liquid. (b) Af
vs. distance curve measured on a DPPC bilayer in PBS solution, showing oscillatory profile with two
peaks. The smoothed line (solid) is obtained by averaging the raw data (shaded) over the distance
range of £0.02 nm from each data point. (Reused with permission from Fukuma et al. [34] Copyright
2007, Biophysical Society).

We employed FM-AFM to investigate the interface between a dipalmitoylphosphatidylcholoine
(DPPC) bilayer and phosphate buffer saline (PBS) solution as shown in Fig. 2(a). Figure 2(b) shows a
frequency shift vs. distance curve measured on the DPPC bilayer in PBS solution [34]. The curve
shows oscillatory profile with two peaks. The peak spacing is about 0.25 nm, which agrees with the
diameter of a single water molecule. The result suggests that the oscillatory force profile originates
from the water molecules confined between the tip and sample.
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Fig. 3 (a) FM-AFM image of the DPPC bilayer in PBS solution showing spontaneous jumps during
imaging. 8 nm x 8 nm, Tip velocity: 120 nm/s. Imaging speed: 85 s/frame. (b) Line-by-line flattened
image of (a). Scale bar: 1 nm, Height range: 0.1 nm (black to white). Fast and slow scan directions:
left to right and top to bottom. The regions indicated by the numbers 1, 2, and 3 correspond to the
Terraces 1, 2, and 3 in (a). (c) Line-averaged height profile of (b) plotted along the slow scan

direction. (Reused with permission from Fukuma et al. [34] Copyright 2007, Biophysical Society).

The excellent control of vertical tip position makes it possible to operate the tip-sample distance
regulation even on the individual frequency shift branches indicated by the arrows in Fig. 2(b). An
example of such imaging is shown in Fig. 3 [34]. An FM-AFM image obtained on the DPPC bilayer
is shown in two different ways, namely, 3D view (Fig. 3(a)) and line-by-line flattened view (Fig.
3(b)). The image shows two discontinuous jumps during imaging. The tip is scanned form the bottom
terrace (Terrace 1), where the tip is scanned directly on the lipid headgroups. The image shows
corrugations corresponding to the individual lipid molecules. As the imaging progresses, the tip
spontaneously jumped to the primary hydration layer (Terrace 2). The step height is about 0.26 nm,
which corresponds to the scale of single water molecule. The image still shows corrugations of lipid
molecules even on the primary hydration shell. The next step has a height of 0.23 nm. Although the
molecular-scale corrugations become smaller, it is still visible in the image (Terrace 3). Such stable
imaging on individual hydration layers highlights the excellent control of the vertical tip position in
FM-AFM. The result also revealed the existence of stable hydration layers next to the lipid membrane
with nanometer-scale lateral extension.

Lipid-lon Networks. In contact-mode AFM, long-range and short-range interaction forces
equally contribute to the static deflection of the cantilever. In FM-AFM, as the oscillation amplitude
decreases, the sensitivity to short-range force is enhanced while that to long-range interaction force is
reduced [27]. Consequently, the spatial resolution of FM-AFM is enhanced by reducing the



oscillation amplitude. In the following section, we present a biological application of FM-AFM,
which demonstrates the benefit of such improved spatial resolution.

Physiological solution contains various metal cations, which have significant influence on
structure and dynamics of biological membranes. For example, the addition of salts can trigger lipid
bilayer phase separation [35-37] and vesicle aggregation processes [38, 39]. So far, a number of
spectroscopy experiments have revealed that metal cations specifically interact with negatively
charged moieties of the lipid headgroups [40-43]. These experiments, together with theoretical
simulations [44], support the theory that individual ions may be interacting with multiple headgroups
to form complex “lipid-ion networks” (Fig. 4(a)). This idea has been used to explain the observed
influence of such ions in the enhanced mechanical strength of membranes [45] and the reduced
mobility of the lipid molecules therein [46]. However, it has been a great challenge to experimentally
access such lipid-ion networks due to the lack of a method for investigation of local lipid-ion
interactions with Angstrom resolution. FM-AFM is capable of visualizing subnanometer-scale
interaction potentials at the solid/liquid interface. Therefore, it should provide novel information that
has not been obtained with alternative imaging techniques.

Fig. 4 (a) Schematic model of the lipid-ion complex formed at the lipid/water interface. (b) and (c)
Sequential FM-AFM images of the same area of the DPPC bilayer in PBS solution. Height range: 0.1
nm. Tip velocity: 120 nm/s. Imaging speed: 85 s/image. (Reused with permission from Fukuma et al.
[47] Copyright 2007, American Physical Society).

Figures 4(b) and 4(c) show sequential FM-AFM images of a DPPC bilayer in PBS solution [47].
The image was obtained at the interface between the lipid headgroups and the primary hydration layer.
The surface consists of hexagonally arranged surface groups. Each surface group consists of two
oval-shaped subunits separated by 0.1-0.2 nm. From the detailed analyses of AFM contrasts and
previous studies using other techniques [42, 44, 48], it has been concluded that the image contrast
represents averaged position of mobile ions interacting with the lipid headgroups. The two subunits
represent the higher probability of existence of cations around the negatively charged two equivalent
oxygen atoms in the phosphate group.

The sequential FM-AFM images shown in Fig. 4 reveal that some of the lipid-ion networks remain
unchanged as indicated by the circles while the others show significant changes as indicated by the
arrows. The lipid-ion network N1 in Fig. 4(b) disappears in Fig. 4(c) and networks N2-4 are formed.
FM-AFM images visualize such formation and disappearance of lipid-ion networks at
subnanometer-resolution. In addition, some of the lipid headgroups show structural changes upon
formation or disappearance of lipid-ion networks. For example, subunit S1 does not have opposing
subunit in Fig. 4(b). In Fig. 4(c), the same surface group shows two subunits S3 and S4. This has been
attributed to the slight change of tilt angle of lipid headgroup. Such structural changes induced by the
lipid-ion network formation suggest the existence of attractive interaction force mediated through the
lipid-ion network. In fact, it has been known that the addition of metal cations to the solution
increases the mechanical strength of the biological membranes [45]. The result presented here reveals
the subnanometer-scale origin for such global effect of lipid-ion interaction.



Amyloid Fibrils. In contact-mode AFM, a tip is in contact with the surface during the tip scan.
Thus, a relatively large lateral friction force is applied to the surface, which prevents imaging of
isolated biomolecules weakly attached to a substrate. In FM-AFM, vertical motion of the cantilever
dramatically reduces the lateral friction force, making it possible to image isolated biological
molecules. In the following example, FM-AFM is used for imaging such isolated macromolecular
assembly with subnanometer-resolution.

0.5 nm

Fig. 5 FM-AFM images of IAPP fibrils on ica in PBS solution (a) 800 nm x 800 nm, A f = -55 Hz,
tip velocity: 1 um/s. (b) 10 nm x 10 nm, A f = +50 Hz, tip velocity: 195 nm/s. (c) Schematic model of
the B-strands. (Reused with permission from Fukuma et al. [49] Copyright 2008, Institute of Physics).

Amyloid fibrils are formed from various proteins which are normally soluble in aqueous solution.
Under certain conditions, the precursor proteins misfold to form amyloid fibrils having an elongated
structure as shown in Fig. 5(a). The fibrils are insoluble -sheet structures that can form aggregates in
tissues and organs, which are known as amyloid deposits. These deposits are found in a range of
neurodegenerative diseases such as Alzheimer's, Parkinson's and Huntington's disease.
Understanding the structure of amyloid fibrils is essential for elucidating the nucleation and kinetics
of fibrillation in relation to the pathogenic pathway of amyloidoses.

Figures 5(a) and 5(b) show FM-AFM images of amyloid fibrils formed from the islet amyloid
polypeptide (IAPP) deposited on mica in PBS solution. 1APP fibrils are associated with type 1l
diabetes when deposited in pancreatic islets. The image shows fine stripe features perpendicular to
the fibril axis. The distance between adjacent stripes is approximately 0.5 nm. A previous x-ray
diffraction study suggested the existence of periodic structure along 1APP fibril axes with a spacing
of 0.47 nm. The periodic structure was attributed to the alignment of the B-strands as this periodicity
corresponds to hydrogen bond spacing between the -strands, perpendicular to the fibril axis. The
fine stripes observed in the FM-AFM image have comparable spacing aligned perpendicular to the
fibril axis. Thus, the striped features are attributed to the B-strands of IAPP fibrils. This demonstrates
the possibility of FM-AFM to visualize individual f-strands in real space in a
physiologically-relevant liquid environment.

Summary

The theory and instrument of FM-AFM dramatically improved in the last ten years. The progress has
made it possible to measure local interaction force with piconewton order sensitivity and to image
subnanometer-scale structures at solid/liquid interfaces. Biological applications presented here
demonstrate that FM-AFM is capable of visualizing interactions between biological molecules and
surrounding physiological environment (i.e., water and ions) as well as structures of molecules



themselves. Such unique capability of FM-AFM should provide supplementary information that has
not been accessible with other experimental techniques.
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